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Wild waterfowl are important reservoir hosts for influenza A virus (IAV) and a potential source of spillover infections in other
hosts, including poultry and swine. The emergence of highly pathogenic avian influenza (HPAI) viruses, such as H5N1 and
H5N8, and subsequent spread along migratory flyways prompted the initiation of several programs in Europe, North America,
and Africa to monitor circulation of HPAI and low-pathogenicity precursor viruses (low-pathogenicity avian influenza [LPAI]
viruses). Given the costs of maintaining such programs, it is essential to establish best practice for field methodologies to provide
robust data for epidemiological interpretation. Here, we use long-term surveillance data from a single site to evaluate the influ-
ence of a number of parameters on virus detection and isolation of LPAI viruses. A total of 26,586 samples (oropharyngeal, fecal,
and cloacal) collected from wild mallards were screened by real-time PCR, and positive samples were subjected to isolation in
embryonated chicken eggs. The LPAI virus detection rate was influenced by the sample type: cloacal/fecal samples showed a con-
sistently higher detection rate and lower cycle threshold (Ct) value than oropharyngeal samples. Molecular detection was more
sensitive than isolation, and virus isolation success was proportional to the number of RNA copies in the sample. Interestingly,
for a given Ct value, the isolation success was lower in samples from adult birds than in those from juveniles. Comparing the re-
sults of specific real-time reverse transcriptase (RRT)-PCRs and of isolation, it was clear that coinfections were common in the
investigated birds. The effects of sample type and detection methods warrant some caution in interpretation of the surveillance
data.

The number of studies focusing on the role of wild birds as
reservoir species for influenza A virus (IAV) has increased dra-

matically over the last 10 years (1). This increase was to a large
extent caused by the emergence of a highly pathogenic avian in-
fluenza (HPAI) virus of the H5N1 subtype in Southeast Asia in
1999 (2). This particular virus causes high mortality in domestic
poultry and can be transmitted among wild birds, particularly
waterfowl. It rapidly reached a large spatial distribution in Asia,
Europe, and Africa in 2006 and has remained endemic in parts of
this range. Several surveillance programs were initiated in re-
sponse to the H5N1 spread (3), but standardized methods were
not implemented everywhere. In addition, the emergence in
Southeast Asia of other IAV subtypes in poultry and in humans,
like H5N1 and H7N9, and the recent spread of H5N8 into Europe
and North America (4, 5), point to the need for efficient and
reliable screening methods (6). As IAV is an RNA virus and is
sensitive to changes in the physical environment, such as temper-
ature, pH, and salinity (7, 8), sampling and screening strategies
need to be evaluated in order to provide best practice.

Traditionally, IAV surveillance has been based on cloacal
swabs or fresh droppings (here called fecal samples) (9–11). The
choice of cloacal and fecal samples as the basis for investigation
was based on the infection patterns of low-pathogenicity avian
influenza (LPAI) viruses, which typically infect and replicate in
the lower gastrointestinal tract, including the colon, the cecum,
and the bursa of Fabricius, and which are shed via feces (12).
However, during the HPAI H5N1 epizootic, experimental studies
showed that the virus had a higher detection rate in the respiratory
tract of birds (3, 13); therefore, oropharyngeal or tracheal sam-
pling was included in several screening programs (14–20). Most
studies reported that LPAI detection was higher in cloacal than in

oropharyngeal samples and that combined oropharyngeal and
cloacal sampling increased overall detection rates.

Since 2002, we have run a long-term surveillance study on wild
waterfowl in Northern Europe (21). Over time, the data collected
have increased to encompass more than 26,000 samples, screened
in the same laboratory by similar methods over the years. Here, we
utilize a part of this data set (2002 to 2010) and analyze how bio-
logical and seasonal parameters shape the variation in virus detec-
tion, the infection intensity, and the likelihood of virus isolation.
Moreover, we investigate the degree of coinfections detected by
the combination of H5- and H7-specific molecular-screening re-
sults and the subtypes in retrieved isolates. We report these find-
ings to improve the design of surveillance studies and the inter-
pretation of data by different methods and to standardize
procedures, from collection to analysis.
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MATERIALS AND METHODS
Sampling methodology. Wild mallard ducks (Anas platyrhynchos) were
trapped in a live-duck trap at the Ottenby Bird Observatory, located at the
southern tip of the island of Öland in the Baltic Sea (56°12=N, 16°24=E).
All handling of birds, including trapping, banding, and sampling, was
approved by the Swedish authorities in accordance with national legisla-
tion (Linköping Animal Research Ethics Board, permit numbers 8-06,
34-06, 80-07, 111-11, and 112-11). The birds were aged and sexed based
on plumage and grouped into three categories: juveniles (hatch year birds
during fall), adults (post-hatch year birds), and unaged (birds that it was
not possible to age with certainty).

The sampling season started in March or April after the ice melted and
lasted until November or December, depending on the climatic condi-
tions in different years. Three different sampling methodologies were
used: (i) fresh droppings or fecal samples, (ii) cloacal swabs, and (iii)
oropharyngeal swabs. For collection of fecal samples, the ducks were
placed in single-use cardboard boxes, and the fecal material produced by
the duck after a period spent in the box was collected with a sterile swab
(22, 23). Individuals that did not defecate in the boxes were gently
swabbed in the cloaca (14). Oropharyngeal swabs were collected together
with fecal/cloacal samples from a proportion of the birds in 2006, 2008,
2009, and 2010. Individually packed rayon-tipped swabs were used
(CP167KS01; Copan, Italy). The swabs were preserved in transport me-
dium (Hanks’ balanced salt solution containing 0.5% lactalbumin, 10%
glycerol, 200 U/ml penicillin, 200 �g/ml streptomycin, 100 U/ml poly-
myxin B sulfate, 250 �g/ml gentamicin, and 50 U/ml nystatin; Sigma) and
stored at �70°C 1 to 4 h after sampling.

Virus detection, isolation, and typing. For molecular detection of
IAV RNA, samples were thawed once for RNA extraction and immedi-
ately frozen again at �70°C. Screening of the samples was done using
RNA extracted on different automated systems and subsequent real-time
reverse transcriptase (RRT)-PCR. The screening methods for samples col-
lected from 2002 to 2005 have been previously described (23). RNA ex-
tractions were performed either in the M48 robot (Qiagen, Germantown,
MD, USA), using the MagAttract Viral RNA M48 kit, for samples col-
lected in the years 2006 to 2009 or in the MagNA Pure 96 instrument
(Roche Diagnostics GmbH, Roche Applied Science, Mannheim, Ger-
many), using the MagNA Pure Viral NA kit, for samples collected in 2010.
Different RRT-PCR assays based on amplification of the IAV matrix gene
(18, 23–25) were used. Samples were screened by RRT-PCR assays on
either a LightCycler 1.5 (Roche) or a StepOnePlus (Applied BioSystems,
New Jersey, USA) as described previously (24) (see Table S1 in the sup-
plemental material for a summary). Subsequent screening of the matrix
RRT-PCR-positive samples using H5- and H7-specific RRT-PCR assays
(26) were performed from 2005 on. The cleavage site of the hemagglutinin
(HA) was sequenced on H5- and H7-positive samples in order to identify
markers of pathogenicity before isolation. Cloacal samples confirmed
positive by RRT-PCR were thawed a second time and further examined by
viral isolation in 11-day-old embryonated chicken eggs, following stan-
dard procedures (27). The allantoic fluid was harvested after 2 days and
tested by hemagglutination assay to detect viral antigens. Subsequent
hemagglutinin (HA) typing of the isolates was done by hemagglutination
inhibition assay (HI) (21).

Statistical analysis and comparison between sample type and varia-
tion in shedding. The cycle threshold (Ct) values from the matrix RRT-
PCR runs were used as an indirect measure of viral shedding. Several
methods and instruments were used for the screening of samples during
the study period, and the methods tended to show increasing test sensi-
tivity with instrument and kit upgrades (data not shown). Thus, in order
to explore variation in the Ct values as a measure of relative virus shed-
ding, we selected a period during which the same analysis method and
laboratory equipment were used (the years 2006 to 2009).

We explored the influence of the sample type (oropharyngeal and
cloacal swabs and fecal samples), the age of the birds (juveniles, adults, or
unaged), and the year and date of sampling on the observed variation in Ct

values using linear models. The Ct values were left-skewed distributed and
right truncated, as high values above cycle 41 were considered RRT-PCR
negative and were not reported in the database. Hence, the response vari-
able “Ct value” was modified to fit normality assumptions following the
transformation ��Ct value � max �Ct value��1 (28). The seasonal
variation in Ct values was modeled as a first- or second-order polynomial
function of the number of days since 1 January each year (here referred to
as the Julian day of the year), after having checked for the relevance of
higher-power functions through diagnostic plots and residual variation.
The durations of sampling periods were highly variable between years
(due to variation in migration intensity), which precluded reliable mod-
eling of a seasonal trend in some years. To avoid overfitting the data in
those years, we examined first-order polynomial models of the whole data
set, i.e., without including the year effect. We looked in detail at the sea-
sonal variation of Ct values on a reduced data set based on the year 2009,
as that year showed the longest time series of sampling, which in turn
allowed reliable interpretation of seasonal trends. In both analyses, we
accounted for repeated sampling of a given individual (some birds were
released after sampling and retrapped later in the season) by adding a
random intercept for each ring number (unique individual identifiers).

We also evaluated the relationship between Ct values and isolation
success using generalized linear models (GLM). In these analyses, the
response variable was binomial, describing virus isolation for each obser-
vation as either successful (1) or unsuccessful (0). We ran the model on
year 2009 data only, because of the sparseness of the data for other years.
The sample type and age of birds were also included in the model as
explanatory variables. Due to convergence problems, we did not include
interactions between variables or the influence of the date of sampling on
isolation success.

All analyses were run with the lme4 package for R software (http:
//www.R-project.org/). Model selections were done using the Akaike in-
formation criterion corrected for small sample size (AICc) (29) with the
package MuMln.

RESULTS
Screening results for oropharyngeal, fecal, or cloacal sampling.
A total of 26,586 samples were tested for detection of viral RNA by
RRT-PCR methods during the complete study period (2002 to
2010), of which 22,229 were fecal or cloacal samples and 4,357
were oropharyngeal samples (see Table S2 in the supplemental
material). A total of 4,354 sample pairs with both oropharyngeal
and fecal/cloacal samples were analyzed (including �500 samples
from a previous publication [14]) to compare detection depend-
ing on sample type. Detection was highest in fecal samples
(12.4%), followed by oropharyngeal samples (6.4%), and was
lowest in cloacal swabs (4.0%); however, only 25% of the samples
were cloacal swabs. All positive detections were LPAI viruses, as
among the H5- or H7-positive samples, no HPAI viruses were
identified. The total prevalence for fecal/cloacal samples was
16.5%, while the corresponding value for oropharyngeal samples
was 6.4%. Out of all the sample pairs, 3,507 (80.5%) were negative
in both samples, and 153 (3.5%) were positive in both. Of the 691
sample pairs with mixed results, 565 (13.0%) were positive detec-
tions for the fecal/cloacal sample and negative for the oropharyn-
geal sample, while the opposite was true for 126 sample pairs.
Consequently, 2.9% of the individuals would have been deter-
mined negative if the oropharyngeal swab had not been analyzed.
For the 150 sample pairs that were positive for both sample types
and where both Ct values were reported, the average Ct value for
oropharyngeal samples was 35.65 � 2.69 (mean � standard devi-
ation [SD]) cycles compared to 31.07 � 4.74 cycles for cloacal
samples (Wilcoxon’s rank test for paired samples, W � �9.61;
P � 0.001).
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Variation in virus shedding. Overall, variation in Ct values
was mainly explained by sample type and year (Fig. 1; see Table S3
in the supplemental material, model 1). On average, Ct values
from oropharyngeal samples were higher than Ct values obtained
by other sampling methods [mean predictions (95% confidence
interval)]: oropharyngeal, 37.16 (36.70 to 37.59); fresh droppings,
34.71 (34.70 to 34.98); cloacal swabs, 35.34 (35.02 to 35.66) (pre-
dictions were derived from model 1 in Table S3 in the supplemen-
tal material). However, we could not find support for an age or a
seasonal effect over all years (model 1 versus model 7, �AICc � 28
[see Table S3 in the supplemental material]). This was partly due
to unbalanced sample sizes between years and a very short period
when birds were captured and screened for AIV in 2006, 2007, and
2008. Therefore, we evaluated the data from year 2009 indepen-
dently, as there were widespread sampling data to evaluate age and
seasonal effects (see Table S4 in the supplemental material). For
that year, seasonal variation in Ct values took the form of a qua-
dratic function with season (day of sampling) (Fig. 2; see Table S4
in the supplemental material, model 1). However, the trend in Ct

values did not depict clear increase or decrease of Ct values during
the season. Average Ct values for juveniles and adults exhibited

convex/constant and concave/decreasing trends, respectively, as
the season progressed, whatever the sample type. In contrast, Ct

values in unaged individuals tended to increase during the season,
whatever the sample type. Note that these various trends between
age categories were responsible for the age effect retained in model
1, whereas no significant difference in predictions of Ct value
could be detected between the three age categories [mean predic-
tions (95% confidence interval)]: juveniles, 33.59 (32.82 to 34.32);
adults, 33.93 (33.02 to 34.80); unaged, 31.95 (31.57 to 32.32) (pre-
dictions were derived from model 1 in Table S4 in the supplemen-
tal material).

Regarding virus isolation, we found a significant (P � 0.001) neg-
ative relationship between isolation success and Ct values (slope �
�0.167 � 0.031; Wald score [z] � �5.36). Isolation success varied
according to sample type, Ct value, and age in an additive way, as
visualized in Fig. 3 (based on model 1 in Table S5 in the supple-
mental material). Low Ct values (a high number of initial RNA
copies) had greater isolation success than higher Ct values. Addi-
tionally, the isolation success was greater in fecal samples than in
cloacal swabs (intercept difference � 	0.70 � 0.031; z � 2.05;
P � 0.04) (Fig. 3) in such a way that samples from adults had less

FIG 1 Variation in Ct values according to sample type and year. Box plots indicate the distribution of values, and medians are shown by the bold horizontal lines
inside the boxes.
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isolation success than those collected from juveniles or unaged
individuals. For instance, the isolation success from RRT-PCR-
positive cloacal swabs with a Ct value of 25 (mean predictions and
95% confidence interval) was 31% (12 to 51) for adults, 54% (32
to 76) for unaged, and 42% (23 to 62) for juveniles, while for fecal
samples, the isolation success was 48% (32 to 65) for adults, 70%
(56 to 84) for unaged, and 60% (46 to 73) for juveniles.

Detection of coinfections. By comparing the results of H5-
and H7-specific RRT-PCRs (26) with the HA subtypes from iso-
lated viruses, we could identify putative coinfections. For H7
RRT-PCR-positive samples, we detected 3 coinfections, with
H1N6, H4N6, and H10N7. Moreover, an H7N2 virus was isolated
from a sample that was negative in the H7 screening. Of 67 sam-
ples positive for H5 by RRT-PCR and where a virus was later
successfully propagated, only 43% resulted in an H5 virus isolate.
Of the remaining 38 samples, coinfections by H5 (as detected by
RRT-PCR) with the H1, H2, H3, H4, H6, H10, or H11 subtype
were found. This indicates that 57% of the H5-positive samples
represented coinfections. We examined whether the frequency of
HA variants in coinfections with H5 viruses followed their abun-
dance in the viral population or if specific pairs of HA subtypes
would be present in coinfections, as specific associations were
overrepresented in an early study (30). To do this, we constructed
a contingency table with two columns, one for the frequency of

non-H5 subtypes isolated from H5 RRT-PCR-positive samples
and one for the frequency of non-H5 subtypes isolated from H5
RRT-PCR-negative samples (Table 1). The null hypothesis that
the two frequency distributions were similar could not be rejected
(
2 � 7.089; df � 6; P � 0.312), and the interpretation is that the
frequency of coinfections followed the abundance of isolation of
these subtypes in the population.

DISCUSSION

We used long-term IAV data from a well-studied population of
mallards (21) to investigate how methodology and host factors
affect the likelihood of retrieving IAV-positive samples by RRT-
PCR and isolation. The sampling scheme at Ottenby Bird Obser-
vatory was initiated in 2002 and follows a standardized method-
ology, which allowed an evaluation of the long-term data. Trained
ornithologists participated in the field sampling, and the workflow
from sampling to laboratory analysis had been optimized to keep
a cold chain (samples were stored and transported frozen until
analysis).

Examination of molecular screening in this study showed that
detection frequencies varied with the sampling methodology,
where the number of RRT-PCR-positive detections in oropharyn-
geal swabs was lower and they contained a smaller amount of viral
RNA than cloacal swabs or fecal samples taken from the same

FIG 2 Seasonal variation in Ct values according to sample type and age of birds in 2009. Shown are mean predictions (solid lines) � standard errors (SE) (dashed
lines) derived from the best models presented in Table S4 in the supplemental material. Age classes are color coded black for juvenile birds, red for adults, and
green for unaged birds. (a) Cloacal swabs. (b) Fecal samples. (c) Oropharyngeal swabs.
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individuals. These findings corroborate earlier studies (7, 14),
where a combination of cloacal and oropharyngeal samples re-
sulted in the highest total IAV detection (14–20). Fecal samples,
on average, contained a larger amount of viral RNA than cloacal
swabs, possibly as a consequence of the fact that fecal samples
contained more material from the beginning. A question that still
needs attention is whether positive detection in oropharyngeal
samples proves actual replication, as a recent study in mallards
found no evidence for replication of LPAI virus in the oropharyn-
geal tract even if there was a positive detection by molecular tech-
niques in the birds (31). Nevertheless, different hosts (i.e., taxo-
nomic groups) may vary in predominant replication sites based
on differential expression of viral receptors, and at the same
time, different virus strains can vary in tissue tropism, like the
HPAI H5N1virus, which replicates primarily in the respiratory
tract (12, 13).

The isolation success of IAV matrix RRT-PCR-positive sam-
ples varied with sample type and Ct value (i.e., the amount of viral
RNA template in the sample or the viral load), where cloacal sam-
ples with low Ct values (indicative of larger amounts of viral RNA)
had the highest likelihood of being isolated. A surprising result
was the effect of bird age on isolation, where similar Ct values from
the different age categories had differences in isolation success.
Isolation success in samples from adults with comparable viral
loads was approximately 10 to 20% lower than in juvenile or un-
aged individuals for all sample types. The viral load is usually
correlated with transmission; however, if isolation success is used
as a proxy for infectivity, it means that infected adults have a lower
transmission potential than younger individuals in the popula-
tion. These findings are important for our interpretation of posi-
tive results based on molecular screening and their significance in
terms of infectivity (32), as they could be interpreted as adults
being less infectious than juveniles. These results strengthen the
view that juvenile birds are important drivers of IAV dynamics, as

per capita transmission would be higher for infections in this age
category, since the amount of active viruses is larger and infections
last longer (33) than in adults. The observed differences in isola-
tion and in shedding of infectious particles suggest that mecha-
nisms like the development of mucosal immunity and production
of cross-reactive neutralizing antibodies due to previous IAV ex-
posure in adults influence infectivity. Thus, the clear reduction in
shedding of infectious particles in adults likely impacts transmis-
sion parameters in a population.

During the fall migration, IAV prevalence and subtype diver-
sity were high at the sampling site (21). Consequently, coinfec-
tions with two or more strains are expected to be common in
naturally infected waterfowl (17, 30, 34–36). The detection of
coinfections described above results from endpoint data for H5
and H7 RRT-PCR-positive samples compared to virus propaga-
tion results in eggs. Of the H5-positive samples, 57% were coin-
fections with other subtypes. It is likely that many virus coinfec-
tions have been missed, either by chance during isolation, through
a higher likelihood of retrieving the most abundant virus in the
sample, or due to propagation differences in standard isolation
methods based on egg or cell cultures. While different approaches
have been used to detect potential coinfections (by isolation [34,
35] or by PCR [35]), all are labor-intensive. The increasing use of
sequencing-based techniques may help to overcome some of these
earlier limitations (by amplifying different gene copies in a sam-
ple). However, the segmented genome of IAV makes the recon-
struction of parental virus gene constellations a challenge in
mixed samples.

H5 RRT-PCR-positive samples were quite frequent in our
study, and the viruses isolated from those samples were related to
the frequencies of the HA subtypes in the population. Sharp and
colleagues observed patterns of coinfection indicating that the
HA/neuraminidase (NA) subtypes involved in coinfections were
not random (30), which in turn suggests reassortment may not be
random, either. Other studies showed high frequency of reassort-
ment but little segment association in avian isolates obtained from
wild waterfowl (34) or from sentinel ducks (37). Further studies
are needed to identify coinfections and to increase our under-
standing of reassortment processes and their crucial role in virus
evolution.

How can IAV field sampling and data interpretation be im-
proved? Combining the knowledge from earlier studies and the
present study, we make the following recommendations. Storage
conditions are decisive to successfully retrieve infectious virus
particles, since IAV is sensitive to high temperatures (7), and any
mistreatment of the samples, like freeze and thaw cycles, will com-

FIG 3 Isolation success according to Ct values, sample type, and age of birds in
2009. Shown are mean predictions (solid lines) � SE (dashed lines) derived
from the best models presented in Table S5 in the supplemental material. The
black lines represent juvenile birds, the red lines represent adults, and the green
lines represent unaged birds. Isolation was performed only for cloacal swabs
and fecal samples (droppings). (a) Cloacal swabs. (b) Fecal samples.

TABLE 1 Contingency table for H5 coinfections with other subtypesa

HA isolate

H5 PCR (no. of samples)

Positive Negative

H1 1 44
H2 2 24
H3 2 28
H4 18 111
H6 5 26
H10 2 12
H11 8 44
a Based on results from specific H5 RRT-PCR and HI typing of the resulting virus
isolates.
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promise further analysis (6). Moreover, due to the problems in
amplifying sequences from original samples and the segmented
nature of the genome, obtaining virus isolates is essential for full
characterization of viruses. Samples should ideally be frozen at the
field site (using liquid nitrogen tanks or ultra-low-temperature
freezers) or, if the necessary facilities are lacking, kept at 	4°C for
a limited time until they are processed in the laboratory. Virus
transport media, such as Hanks’ balanced salt solution supple-
mented with protein or brain heart infusion (BHI) broth, increase
the stability of the viruses (7, 38) and are a preferred choice over
phosphate-buffered saline (PBS) or dry swabs. The transport me-
dium should be supplemented with antibiotics to avoid bacterial
contamination during isolation. The swab material also influences
the recovery of IAV, and flocked swabs are better than nonflocked
swabs (38). Fixation of samples in ethanol (35) and sampling us-
ing FTA cards (22) are other preservation methods suitable for
IAV surveillance and show advantages for biosafety and transpor-
tation, but analysis is limited to molecular screening and sensitiv-
ity between methods may vary.

The combination of cloacal and oropharyngeal samples, opti-
mally in separate tubes, is recommended to maximize virus detec-
tion; however, this needs to be balanced with cost issues and ani-
mal health issues, and if only a single sample type can be taken,
cloacal samples are preferred for detection of LPAI virus. How-
ever, if the screening is intended to maximize the chances of HPAI
virus detection, both types of swabs should be collected, as these
viruses show higher tropism to the respiratory tract.

When implementing surveillance studies, it is important that
metadata (host species and age, sample type and age, location,
date, etc.) be collected in parallel with the sampling. The clear
reduction in shedding of infectious particles observed in adults,
which likely impacts transmission parameters in a population, is a
good example of the relevance of using metadata for epidemiolog-
ical investigations. Therefore, age ought to be reported when pos-
sible and included in models of IAV transmission in wild hosts or
in risk assessment for HPAI virus spread in the wild.
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